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ABSTRACT: In the absence of any external electron donor, the “peroxy” intermediate of cytochromec
oxidase (CcO-607) is converted to the ferryl form (CcO-580) and subsequently to oxidized enzyme. The
rate of conversion of CcO-607 to the CcO-580 form is pH dependent between pH 3.0 and pH 7.6. A plot
of the logarithm of the rate constant for this conversion is a linear function of pH with a slope of-0.92,
implying the involvement of a single proton in the transition. Upon rapidly lowering the pH from 8.1 to
5.8, the uptake of one proton was observed by direct pH measurement, and the kinetics of proton uptake
coincide with the spectral conversion of CcO-607 to CcO-580. We interpret the slow endogenous decay
of CcO-607 to CcO-580 to be the result of proton transfer to a deprotonated group generated in the
binuclear cavity during CcO-607 formation. This group is not freely accessible to protons from the medium,
and its pKa is probably higher than 9.0.

The membrane-bound terminal respiratory oxidases cata-
lyze the reduction of molecular oxygen to water associated
with the generation of a transmembrane proton gradient.
Mitochondrial cytochromec oxidase (CcO)1 belongs to the
so-called super-family of heme-copper oxidases (1-3).
Members of this family have a unique bimetallic center com-
posed of heme and a copper ion where oxygen is reduced
and high-affinity ligands are bound. Despite differences
in reactivity among the individual oxidases, the members
of this family show substantial structural and functional
homology.

Four redox centers are involved in the electron-transfer
reactions. CuA and cytochromea serve to deliver electrons
from reduced cytochromec to the binuclear center composed
of cytochromea3 and CuB. It is at this binuclear center that
dioxygen is reduced to water and most external ligands are
bound.

Complete reduction of dioxygen to water requires four
electrons, and this reaction is coupled to the uptake of protons
from the mitochondrial matrix. Four protons are used for
the formation of water (substrate protons), and four more
are translocated (“pumped”) from the mitochondrial matrix
to the cytosolic side of the mitochondrial inner membrane.

On average, each electron transferred to dioxygen by
cytochrome oxidase is associated with the transmembrane
transfer of two elementary positive charges. However,
examination of the intermediates of the catalytic cycle shows
that not each electron participates equally in generating the
transmembrane electrochemical potential (4). Two of these
intermediates, namely, the “peroxy” and “ferryl” forms, are
of particular interest because they appear to be of particular
relevance to the process of proton pumping (5).

Because the product of the reaction of two-electron-
reduced enzyme with dioxygen is formally at the level of a
“peroxy” intermediate, it was initially expected to have an
intact O-O bond (e.g., Fea3+CuA

2+Fea3
3+-O-O-CuB

2+).
The “peroxy” intermediate would require two electrons to
complete the conversion of dioxygen to water and to
regenerate oxidized enzyme. One-electron reduction of this
“peroxy” form produces the ferryl intermediate (Fea

3+CuA
2+-

Fea3
4+dO HO-CuB

2+), and the fourth electron completes
the conversion of the ferryl form to oxidized enzyme (6-
20). It is generally accepted in the ferryl form that the
dioxygen bond is broken and the iron of hemea3 is in the
oxo-ferryl state (Fea3

IVdO) with hydroxide/water possibly
coordinated to CuB2+ (7-20). However, accumulated spec-
troscopic and chemical data on the “peroxy” intermediate
make it clear that the dioxygen bond is already broken and
that the iron of hemea3 is also in the oxo-ferryl state
(21-25). This conclusion is supported by our observation
that close to one electron is sufficient for conversion of the
“peroxy” form to the oxidized enzyme, which also indicates
that both forms of the enzyme are essentially in the same
redox state (26).

Originally the “peroxy” and ferryl intermediates of cyto-
chrome c oxidase were observed in mitochondria under
conditions of reversed electron flow (27-29). The “peroxy”
intermediate was characterized by a maximum at 607 nm
and a red-shifted Soret band in the optical difference
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spectrum referenced to oxidized enzyme (27-29). Identical
optical difference spectra were observed for: (i) an inter-
mediate, designated as PM, created in the reaction of two-
electron-reduced enzyme with dioxygen (30-34); (ii) an
intermediate (PH) prepared by the addition of a stoichiometric
quantity or a small excess of H2O2 to oxidized enzyme at
basic pH (35-40); and (iii) a transient intermediate (PR)
observed during the reaction of fully (four-electron) reduced
oxidase with dioxygen (17, 18). Moreover, besides the
identical optical characteristics, all three intermediates (PM,
PH, and PR) have the same oxygen-sensitive Raman bands
(14 , 21-24, 41), an indication that there might be but a
single species.

The ferryl form is characterized by an absorbance maxi-
mum around 580 nm and a red-shifted Soret band in the
optical difference spectrum recorded with respect to oxidized
enzyme (13, 18, 27-29). Similar if not identical species are
prepared by the interaction of oxidized enzyme with sto-
ichiometric or low amounts of H2O2 at acidic pH (35-40)
or by the addition of excess of hydrogen peroxide to oxidized
enzyme (35-40). For the remainder of this report, we will
use the designation CcO-607 for the “peroxy” form and CcO-
580 for the ferryl form.

It thus appears that there are two ferryl forms of oxidase,
CcO-607 and CcO-580, but these two forms have markedly
different optical characteristics. Recently it was shown that
lowering the pH of CcO-607 induces the conversion to CcO-
580 (40). We have studied this conversion in more detail
and found that this transition to CcO-580 is controlled by
the uptake of one proton from the medium and that this
conversion does not require any external electron donor. Our
data suggest that the group involved in the proton uptake
has a pKa that is higher than 9.0 and that it is probably located
in vicinity of the binuclear center when the enzyme is in the
CcO-607 state.

MATERIALS AND METHODS

Tris, Bicine, Hepes, catalase, reduced 3-acetylpyridine
adenine dinucleotide (apNADH), and phenazine methosulfate
(PMS) were purchased from Sigma, Mes and Ches from
Aldrich, dodecyl maltoside (DM) from Anatrace, and Triton
X-100 (peroxide-free) from Boehringer.

Cytochromec oxidase (CcO) was isolated using Triton
X-100 by the method of Soulimane and Buse (42) with minor
modifications (43). Enzyme concentration was determined
at pH 8.0 from the absorbance of oxidized enzyme at 424
nm by usingA ) 158 mM-1 cm-1.

CcO-580 was prepared at pH 5.9 (10 mM Mes, 0.1% DM,
100 mM K2SO4) by the addition of 20µM H2O2 to 5.0µM
CcO-O. The optical difference spectrum of CcO-580minus
CcO-O is pH dependent, and at acidic pH the maximum is
at 575 nm compared to 578-580 nm at pH 8.0 (36). The
conversion of CcO-O to CcO-580 was followed in a spectro-
photometer by monitoring the absorption increase at 574
minus 630 nm. The maximum yield of CcO-580 was
observed in about 6 min, and the concentration was deter-
mined from the optical difference spectrum of peroxide-
treated CcO minus CcO-O using∆A575-630 ) 5.3 mM-1 cm-1

(29).
The CcO-607 form of CcO was prepared from the oxidized

enzyme (CcO-O) dissolved in 10 mM Tris buffer, pH 8.0,

containing 0.1% DM and 100 mM K2SO4 in the presence
of 150 units of catalase; this enzyme solution was flushed
with a gentle flow of carbon monoxide (CO) for about 10-
30 s at room temperature in an open spectrophotometer
cuvette. The conversion of the enzyme to CcO-607 was
followed via the increase in the differential absorbance
between 607 and 630 nm referenced to oxidized enzyme.
The maximum conversion to CcO-607 (92%) was reached
in about 4 min. The sample was then outgassed several times
on ice to replace residual CO with argon because the
continued presence of CO accelerates the decay of CcO-
607. The concentration of CcO-607 was determined from
the difference spectrum of CcO-607 minus CcO-O using
∆A607-630 ) 11 mM-1 cm-1 (29).

To measure the rate of endogenous conversion of CcO-
607 to CcO-58, we have used two methods. At pH values
above pH 5.0, it was sufficient to use the standard optical
spectrophotometer, but at pH values below pH 5.0, the
conversion was rapid and it was necessary to use a stopped-
flow instrument. The conversion was measured as the
difference spectral change∆A(606-630 nm) in the manual
spectrometer and as a absorption change at a single wave-
length∆A(607 nm) when using the stopped-flow instrument.

The conversion of CcO-607 to CcO-580 at different pH
values was measured as follows. CcO-607 was prepared in
a weak buffer at pH 8.0 (10 mM Tris, pH 8.0, containing
100 mM K2SO4 and 0.1% DM); this pH was chosen because
it provides both the largest yield and the highest stability of
CcO-607. The reaction was started by mixing equal volumes
of CcO-607 and a strong buffer of the desired final pH (200
mM buffer, containing 100 mM K2SO4, 0.1% DM, and 150
units of catalase); the pH of the sample was also verified at
the end of reaction. To cover the pH range between pH 3
and 9.0, the following buffers were used: Ches (above pH
8.5), Bicine or Tris (pH 8-8.5), Hepes (pH 7-7.7), Mes
(pH 5.6-6.6), and citric acid-NaOH (below pH 5.5). All
spectral measurements were performed at 23°C.

Below pH 5.0, oxidized cytochrome oxidase is not stable
and is denatured at a rate that increases with decreasing pH
with an associated spectral change at 607 nm. However, this
contribution can be subtracted from the acid-induced decay
of the CcO-607 form because (i) the absorption changes of
CcO-O at 607 nm can be fit by a single exponential; and
(ii) the contribution of CcO-O to the spectral change at 607
nm at acidic pH is always less than 35% of the change
observed with CcO-607. Because the rate of spectral change
of CcO-O at pH 3.0 is the same as the rate of decay of CcO-
607, we limited our experiments to pH values of 3.0 and
greater.

The relaxation of CcO-607 to CcO-580 is followed by the
slower conversion of CcO-580 to a form that has an optical
spectrum that corresponds to the oxidized enzyme. To test
if this final product and the initial oxidized enzyme are in
the same redox state, we have determined the number of
electron equivalents required for the complete reduction of
each form. For this measurement, the initial 8µM CcO-O
at pH 8.0 was divided into two aliquots. The first aliquot
was converted to CcO-607 and then mixed with a strong
buffer at pH 7.0 as was described above for the kinetic
measurement. The CcO-607 sample was then incubated at
room temperature in the dark for about 4 h, at which time
the optical spectrum was that of oxidized enzyme. The
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second aliquot was incubated at pH 7.0 for the same time
and under the same conditions as the sample of CcO-607.
At the end of the incubation, each sample was made
anaerobic in a Thunberg-style optical cell by the gas-
exchange technique (26) and placed under argon. The
anaerobic samples were reduced with a 5-fold molar excess
of apNADH in the presence of a small amount of PMS. First
apNADH was added from one sidearm of the optical cell
followed by the addition of PMS from the second sidearm.
The kinetics of oxidation of apNADH and reduction of
enzymes were followed simultaneously by optical spectro-
photometry. At the end of reaction, the quantity of reduced
enzyme and residual apNADH was calculated from the
difference optical spectrum using∆A606 ) 23.2 mM-1 cm-1

for the reduced minus oxidized absorbance change due to
the enzyme (44) andA ) 9.1 mM-1 cm-1 for the residual
apNADH at 364 nm (45); the latter had to be corrected for
the absorbance change due to reduction of the enzyme using
the absorption coefficient∆A364 ) -4.5 mM-1 cm-1.

Stopped-flow measurements were performed using a
Kinetic Instrument apparatus with 2 cm path length observa-
tion cell. The kinetic data were analyzed using OLIS stopped-
flow software. Optical spectra and kinetics were measured
in a Hewlett-Packard Diode Array 8452A spectrophotometer
in a thermostated cell holder.

To demonstrate that the acid-induced conversion of CcO-
607 to the CcO-580 form is coupled to proton uptake from
the medium, we have directly measured the pH changes in
the sample using a glass electrode (response time less than
10 s). The most favorable pH for these proton uptake
measurements is at pH 5.8 because (i) enzyme is stable at
this pH; and (ii) the conversion of CcO-607 to CcO-580 is
about 10 times faster than the subsequent conversion of CcO-
580 to CcO-O. As the CcO-607 to CcO-580 transition is
complete in about 4 min, it is possible to minimize any drift
in pH.

The experiment was carried out as follows: CcO-607 was
prepared from 53µM oxidized enzyme at pH 8.1 in 5 mM
Tris, 100 mM K2SO4, 0.1% DM with catalase as was
described above. Then 0.2 mL of this enzyme solution was
added to 1.8 mL of weakly buffered medium (0.5 mM Tris,
0.1 mM Mes, pH 8.1, 100 mM K2SO4, 0.1% DM), thermo-
stated at 20°C, with constant stirring under a flow of
ultrahigh purity argon. The pH of the enzyme solution was
then decreased to approximately 5.8 by one addition of 23
µL of 50 mM HCl. At the end of each measurement, a
defined amount of NaOH and HCl (final concentration 5µM)
was added to the sample to calibrate the observed pH changes
at pH 5.8.

Identical pH jump measurements were made for oxidized
enzyme and its cyanide complex (CcO‚CN). From the three
dependencies of pH versus time for CcO-607, CcO-O, and
CcO‚CN, we have calculated the difference pH kinetics of
CcO-607minusCcO-O and CcO‚CN minusCcO-O. Time
zero was taken as the moment when 50 mM HCl was added
and the pH was rapidly lowered. The data are presented 30
s after HCl addition because in the time interval from 0 to
30 s the calculated data were very noisy (Figure 2).

The total enzyme concentration in the pH measuring cell
was identical for all samples and equal to 5.3µM. In the
CcO-607 sample, the initial concentration was 4.7µM CcO-
607 and 0.6µM CcO-O. For pH measurements, all solutions

and samples were thoroughly degassed to remove carbon
dioxide. The cyanide complex was prepared by incubation
of stock solution of CcO-O (287µM) with 300 µM cyanide
for 3 h at room temperature. With this protocol, there was
almost quantitative formation of CcO-CN, and there is no
interference from any free cyanide in the solution. As judged
by optical spectra, the concentration of CcO‚CN is not
changed by acidification of the medium.

The pH changes were recorded using a Denver Instruments
model 225 pH meter interfaced to a Macintosh laptop
computer, and the software capabilities of IgorPro (Wave-
metrics, Lake Oswego, OR) were used to collect data at 1 s
intervals.

RESULTS

In the absence of an external electron donor, the CcO-
607 intermediate of cytochromec oxidase is not stable but
slowly decays back to a species with an optical spectrum
that corresponds to the initial oxidized enzyme. These two
oxidized forms of CcO are in the same redox state because
the number of equivalents of apNADH required for the full
reduction of CcO-O or relaxed CcO-607 at pH 7.0 were
found to be 1.74( 0.17 and 1.83( 0.06 (SD), respectively.
Because apNADH is a two-electron donor, it follows that
both forms of the enzyme require approximately four
electrons for full reduction. It does appear that there is a
slight loss of enzyme following the endogenous conversion
of CcO-607 to oxidized enzyme because an optical difference
spectrum between the two species reveals a slight decrease
of absorption at 418-420 nm in relaxed CcO-607; the extent
of this decrease is about 3% of the Soret band intensity.

When CcO-607 is prepared in a weakly buffered medium
at pH 8.0 and subsequently acidified to pH 5.8, the decay of
CcO-607 to CcO-O is biphasic (Figure 1A,B), and these two
phases are kinetically well separated. Fifteen seconds after
the pH is lowered, the CcO-607 form is still the major
contributor to the optical difference spectrum (Figure 1A)
with the characteristic sharp maximum at 607 nm. Four
minutes later, the peak at 607 nm is almost completely lost,
and the major form is CcO-580 with an absorption maximum
at 574 nm (Figure 1A). The clear demonstration of the
conversion of CcO-607 to CcO-580 at acidic pH is a
consequence of the faster rate of CcO-580 formation
compared to its slower decay (see below) to CcO-O. In the
Soret region, the positions of the extrema in the difference
spectrum are almost the same for both forms, as is well
documented at neutral pH values (35-40).

The rate of conversion of CcO-607 to CcO-580 at acidic
pH is not influenced by the presence of 10 mM ferricyanide,
by omitting K2SO4, by the substitution of Hepes for Tris, or
by the concentration of CcO-607. For example, we have
observed at pH 6.0 for 3.95 and 39.3µM CcO-607
conversion rates of 6.4× 10-3 s-1 and 6.9× 10-3 s-1,
respectively.

The kinetics of the decay of CcO-607 and the formation
of CcO-580 at pH 5.8 were followed by measuring the
changes in the absorption differences at 606minus630 nm
and at 574minus630 nm, respectively (Figure 1B). At this
pH, the decay of CcO-607 can be fit with a single exponential
using a rate constant of 1.1× 10-2 s-1. The kinetic behavior
of CcO-580 is, however, biphasic with an initial increase
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followed by a slower decrease, and the data are very well
fit using two opposed exponentials. The initial increase,
corresponding to CcO-580 formation, has a rate constant of
1.1 × 10-2 s-1, precisely the same as that for the decay of
CcO-607; the slower decrease corresponds to the decay of
CcO-580 to CcO-O and could be fit using a rate constant of
1.2 × 10-3 s-1.

The conversion of CcO-607 to CcO-580 accelerated by
acidification of medium cannot be reversed by restoring the
initial pH. For example, CcO-580 prepared at pH 5.9 by
addition of hydrogen peroxide followed by the addition of
catalase to remove the residual peroxide was shifted to pH
8.0 by addition of concentrated Tris buffer. There was no

detectable conversion of CcO-580 back to CcO-607; rather
CcO-580 reverted to oxidized enzyme slowly with time.

The rates of decay of CcO-607 were measured at a number
of pH values in the range from pH 3.0 to 9.0 and the data
plotted as logkobs versus pH (Figure 1C). Below pH 7.6,
the plot is linear with a slope of-0.92. At pH values greater
than pH 7.6, the data deviate from linearity, reaching an
apparent minimum at about pH 8.3 with a rate constant of
2.7 × 10-4 s-1 and possibly increasing at higher pH.

We have noticed, however, that at alkaline pH values the
enzyme undergoes a slow autoreduction and the rate of this
autoreduction increases with increasing pH. For example,
when the oxidized enzyme is incubated anaerobically at 23
°C for about 2 h at pH8.0, the product was a mixture of
CcO-580 and partially reduced enzyme; the presence of the
former species is attributed to a slow leak of oxygen into
the anaerobic cell and reacting with partially reduced oxidase
produced during the long incubation. Using the absorbance
difference ∆A(416 - 382 nm), we have determined the
overall rate of conversion of oxidized cytochromea3 to the
mixture of reduced and ferryl states to be approximately 1.9
× 10-4 s-1. This value provides a minimum estimate of the
true rate of reduction because at least three electrons are
required to make CcO-580. However, even with this
uncertainty, it is possible to conclude that the rates of decay
of CcO-607 and autoreduction of CcO-O are very similar at
pH 8, and we thus interpret the deviation in linearity above
pH 7.6 (Figure 1C) as reflecting autoreduction of the enzyme
which promotes the decay of CcO-607. At pH values higher
than 8.0, the rate of autoreduction slowly increases and is
approximately equal to the observed slow increase in the
rate of decay of CcO-607.

The dependence of the decay rate on pH implies that one
proton from the medium is consumed during the conversion
of CcO-607 to CcO-580. Consequently we have examined
whether the conversion of CcO-607 to CcO-580 at pH 5.8
is associated with the uptake of a proton as gauged by direct
measurement of pH. As controls, identical experiments were
also conducted with CcO-O and CcO‚CN. The data are
presented as the changes in pH observed with CcO-607minus
those recorded with CcO-O and CcO-CNminus CcO-O
(Figure 2). The pH changes observed with CcO‚CN minus
CcO-O show a slight pH decrease with time that we attribute
to a drift in the system. However, the time dependence of
the pH changes between CcO-607minusCcO-O shows a
pH increase, implying the uptake of a proton. The presented
pH kinetics take about 8 min, and during this time, CcO-
607 is converted to CcO-580 together with some decay of
CcO-580 to CcO-O. Superimposed on the pH data is a
theoretical curve consisting of the sum of two exponentials
generated using rate constants obtained from fitting parallel
optical measurements. If we assume that the conversion of
CcO-580 to CcO-O consumes one proton, then the average
proton consumption for the endogenous decay of CcO-607
to CcO-580 calculated from the three measurements is
1.04 ( 0.36 (SD).

The data above show that the conversion of CcO-607 to
CcO-580 at acidic pH is accompanied by proton uptake.
However, the CcO-580 form can also be prepared at acidic
pH by the addition of a stoichiometric amount of hydrogen
peroxide to oxidized enzyme (36). Therefore, we have
examined whether a proton is consumed from the medium

FIGURE 1: Effect of pH on the optical spectrum and kinetics of
endogenous decay of the “peroxy” intermediate. 5µM CcO-607
in weakly buffered medium at pH 8.0 was acidified to pH 5.8 as
described under Materials and Methods. (A) The difference spectra
recorded 15 s (- - -) and 4 min (s) after lowering the pH. The
reference spectrum is oxidized enzyme obtained from the CcO-
607 after 40 min incubation at pH 5.8. (B) The kinetics of absorption
changes at 606-630 nm (s) and at 574-630 nm (- - -) reflecting
changes in the concentration of CcO-607 and CcO-580, respectively.
(C) Dependence of the logarithm of the rate of endogenous decay
of CcO-607 on pH: (9) experimental values; (- - -) best linear fit
between pH 3.0 and pH 7.4; the slope is-0.92.
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during this reaction. Our measurements showed that there
is no pH change in the medium when 5.4µM CcO-O reacts
with 5 µM H2O2 at pH 5.4 with the formation of 2.4µM
CcO-580.

DISCUSSION

The “peroxy” intermediate, CcO-607, the reaction product
of two-electron-reduced oxidase with molecular oxygen,
appears to decay to oxidized enzyme in a biphasic manner
even in the absence of an external electron donor. These two
phases are kinetically very well resolved at acidic pH (Figure
1A,B). As the same rates are observed at pH 5.8 for both
the decay of CcO-607 and the formation of CcO-580, it
would appear that the first phase comprises the conversion
of CcO-607 to the CcO-580 form. In the second phase, CcO-
580 is converted to oxidized enzyme with a rate that is an
order of magnitude slower. This sequential conversion, CcO-
607 f CcO-580f CcO-O, can be discriminated at pH
values below pH 7.6; above this pH, the rate of conversion
of CcO-580f CcO-O is presumably faster than that of CcO-
607f CcO-580. However, we assume that, at all pH values,
the measured decay rate of CcO-607 measured at 607 nm is
also the rate of conversion of CcO-607f CcO-580.

The rate constant for the endogenous decay of the CcO-
607 form is pH dependent (Figure 1C) with the rate
increasing as the pH is lowered. The dependence of rate
constant on pH between pH 3.0 and 7.6 is linear, and the
slope of-0.92 implies the involvement of one proton in
the transition of CcO-607 to CcO-580. At pH values higher
than 7.6, the data deviate from linearity and give the
impression that there is a group with a pKa of around 7.6
that controls the decay rate. However, we discount this

explanation for two reasons. First, we found that above
neutral pH the enzyme undergoes autoreduction with a rate
similar to that of the decay of CcO-607 and the rate of
autoreduction increases slightly as the pH is raised; the
autoreduction would accelerate the decay of CcO-607,
resulting in the deviation from what would otherwise be a
linear dependence of log(kobs) on pH. Second, if CcO-607
were in equilibrium with some protonated species and this
latter species is responsible for the decomposition, then the
shape of the graph would differ dramatically from that
observed by asymptoting to a limiting maximum value at
acidic pH rather than a minimum value at alkaline pH as is
observed. We thus conclude that the dependence of log(kobs)
on pH would be intrinsically linear with a slope close to-1
over the whole pH region between pH 3.0 and 9.0 were there
no autoreduction of the enzyme.

It might be argued that the endogenous decay of CcO-
607 to CcO-580 could have its origin in some intermolecular
redox exchange reaction between partially reduced enzyme
molecules. However, we believe that this is not the case
because the decay rate is not dependent on the initial
concentration of CcO-607 nor is it affected by the presence
of ferricyanide at acidic pH.

The CcO-607 intermediate was prepared using carbon
monoxide which selectively reduces the binuclear center with
two electrons. The intermediate is a product of the reaction
between this partially reduced enzyme and dioxygen, and at
this stage, the dioxygen bond is already cleaved (21-24,
41) by a reaction that requires the availability of four
electrons. Three electrons can be provided by the two metal
ions present at the binuclear center by oxidizing the iron of
hemea3 and CuB to the ferryl and cupric states, respectively.
A plausible candidate for the source of the fourth electron
is Tyr 244 (46, 47) which is oxidized to the radical form. It
follows that the initial redox state of CcO-607 is 2 electron-
equiv above oxidized enzyme. However, this redox state is
unstable even in the absence of external electron donors. We
have found that the putative radical is reduced faster than is
the oxo-ferryl state of hemea3 with no observable changes
in the optical spectrum of CcO-607. Thus, several minutes
after CcO-607 formation at pH 8.0, we have observed that
approximately 70% of CcO-607 is in a redox state that is
only 1 electron-equiv above oxidized enzyme (26).

We have previously proposed that the instability of the
tyrosine radical present at the binuclear center is the result
of a redox reaction with some group within the enzyme,
presumably as a result of a reaction with one-or-more amino
acid side chains (26). That the enzyme can function as an
electron donor to its own redox centers is supported by our
present observations on the instability of the enzyme at basic
pH. Thus, oxidized enzyme is slowly reduced in the absence
of any external electron donor(s), and this process is likely
to be more rapid when the enzyme is in a higher oxidation
state. Further evidence for the oxidation of enzyme groups
is the observation that enzyme that has undergone the
sequence CcO-Of CcO-607f CcO-580f CcO-O has
the same redox state as the starting material but appears to
have suffered some irreversible autoxidation as judged by
the loss of a small amount of absorbance in the Soret band.

Thus, we suspect that the rapid loss of tyrosine radical
and the somewhat slower loss of ferryl heme occur by the
same mechanism though the specifics of this mechanism need

FIGURE 2: Kinetics of the change in pH of CcO-607minusCcO-O
and of CcO‚CN minusCcO-O observed after lowering the pH from
8.1 to 5.8. At time zero, a small volume of dilute hydrochloric
acid was added to CcO-607 prepared at pH 8.1; the final pH was
5.8. CcO-607, gray dotted line: Time dependence of the difference
in the change in pH of CcO-607 with respect to CcO-O. Overlaid
black dashed line: A two-exponential fit using the rate constants
obtained from fitting the absorbance changes in a parallel optical
measurement of the conversion of CcO-607 to CcO-580 (1.1×
10-2 s-1) and CcO-580 to CcO-O (1.1× 10-3 s-1). CcO‚CN, gray
dotted line: Time dependence of difference in the change in pH of
CcO‚CN with respect to CcO-O. The pH changes are presented
relative to pH 5.8 (- - -). In all samples, enzyme (5.3µM) was
dissolved in a medium of 0.5 mM Tris, 0.1 mM Mes, 100 mM
K2SO4, 150 units of catalase plus 0.1% DM.
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to be determined. The enhanced instability of radical is
similar to the radicals generated by the treatment of myo-
globin with H2O2 which disappear faster than the ferryl form
(48-51). The mechanism for this phenomenon is not clear;
one proposal is that the radical migrates to the surface of
the protein and is quneched by the reaction with the second
protein molecule (52, 53).

In this experiment, the CcO-607 form was prepared at
basic pH 8.0 and used after a delay of about 10 min. Under
these conditions, approximately 70% of CcO-607 should be
in the ferryl state with a reduced radical content. Then the
electronic state of the binuclear center of this form of CcO-
607 is equivalent to the “peroxy” form (PR) that is observed
transiently during the reaction of fully reduced oxidase with
dioxygen. This PR intermediate, with its optical spectrum
identical to CcO-607 (17, 18), is produced with the con-
comitant oxidation of reduced cytochromea, cytochromea3

(54-56), and presumably CuB. In this case, all four electrons
required for cleavage of the dioxygen bond are supplied by
the metal redox centers. This PR intermediate is converted
later to ferryl form with the uptake of one proton but without
any additional electron transfer to the binuclear center (56).
Proton transfer to the binuclear center appears to be the rate-
limiting step in the conversion of PR to the ferryl form (55,
56).

If it is indeed the case that CcO-607 and PR are isoelec-
tronic, then the changes in the optical spectrum of hemea3

during the conversion of CcO-607f CcO-580 are a
consequence only of a protonation event occurring in the
vicinity of the hemea3-CuB center. Experimentally we have
found that the rate of the spontaneous CcO-607 to CcO-580
transition is the same as the rate of proton uptake (Figure
2). It indicates that the proton transfer to the binuclear center
is like in the PR intermediate the rate-limiting process. This
similarity with the identity of optical and Raman data
observed between PR and CcO-607 (24, 41) provides further
support that both forms of the enzyme are identical. Because
one proton is consumed in the conversion both of CcO-607
to CcO-580 and of PR to the ferryl form, we assume that
CcO-580 and the transient ferryl form are also identical, at
least to the extent of having same electronic states for the
binuclear center.

The binuclear center is buried within the enzyme and
insulated from the outer medium by a hydrophobic barrier
(57, 58). To cross this barrier, protons need a pathway, and
several potential pathways were identified from both mu-
tagenesis studies (59-62) and the crystal structures of the
bovine (57) and Paracoccus denitrificansenzymes (58).
Three proton pathways were suggested to connect the
catalytic center to the exterior. Two of these pathways, called
K and D, connect the binuclear center with the matrix, and
the third connects the binuclear center with the cytosol; this
latter channel might serve for the exit of pumped protons or
of water (57, 58). All three potential proton pathways are,
however, interrupted by cavities, and there is no continuously
spanning hydrogen-bond network between the outer medium
and the catalytic center of oxidized enzyme. For the function
of cytochrome oxidase as a proton pump, it is anticipated
that the proton pathways must be selectively controlled by
the redox and/or ligation state of the protein. We assume
that when the enzyme is in the CcO-607 state, the binuclear
center is not readily accessible to protons from the medium,

and the acid-promoted decay of CcO-607 is due to protons
that slowly leak into the closed binuclear cavity from the
medium.

The closed proton conducting pathway proposed for CcO-
607 would appear to be in conflict with the fast proton
transfer observed in PR that occurs within milliseconds (55,
56). There are two possible reasons for this difference. First,
CcO-607 may be in a metastable state analogous to the
oxidized state of the enzyme immediately following reoxi-
dation (4). This state (O∼) is proposed to be a form of the
oxidized enzyme in which approximately half of the energy
for proton translocation is conserved. O∼ decays in less that
20 s (4), implying that the proton conduction pathways are
also closed within the same time. However, if O∼ is
rereduced before this decay, then proton translocation can
be completed, indicating that the proton conducting pathways
have not yet closed. We have earlier expressed a similar
explanation for the conversion of CcO-607 to CcO-580 (26)
and proposed that the reduction of cytochromea can be the
trigger for the opening of a proton channel in CcO-607 which
in turn should increase the rate of relaxation of CcO-607 to
CcO-580.

The competing explanation requires that the production
of CcO-607 is associated with the oxidation of some group
in the enzyme that is part of the pathway conducting protons
into the binuclear center. However, the long lifetime of CcO-
607 requires that this oxidized group is relatively stable and
specific. The oxidation of a specific group is based on the
rate of CcO-607 decay that is a single exponential at all pH
values tested and indicates homogeneity of the CcO-607
population. However, the oxidation of the binuclear center
with hydrogen peroxide produces the free radicals with
multiple different origins (36, 46, 63, 64), suggesting that
the radical is free to migrate within in the protein. The fast
and quantitative conversion of CcO-607 to oxidized enzyme
provides an additional argument against the oxidation of a
specific group that blocks proton transfer. When CcO-607
was reduced at pH 8.0 by one electron under anaerobic
conditions, the conversion to oxidized enzyme was completed
in the time for manual mixing, about 20 s (26). Obviously
the conversion is associated with proton uptake which, on
this time scale, was not inhibited. Thus, it seems that the
initial explanation of a metastable state is more consistent
with our observations.

Our proposal that the binuclear center of CcO-607 is
associated with closed proton pathways explains why the
conversion rate is slow. However, it does not explain why
the conversion, if it is simply an acid-base reaction, is not
reversible. Our explanation for this apparent irreversibility
is based on the presence of one deprotonated group with a
relatively high pKa generated in the binuclear cavity during
the formation of CcO-607. We illustrate this point with a
reaction scheme (Scheme 1); this scheme does not take into
account the possible movement of pumped protons because
we are only interested in the net protonation changes of
solubilized enzyme.

Scheme 1
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Scheme 1 starts with the MV‚CO complex where cyto-
chromea3 and CuB are reduced and stabilized by bound CO.
The reduction of the binuclear center at basic pH is associated
with the uptake of approximately two protons from the
medium (65-69). Electrostatic calculations suggest that one
proton can be accepted by hydroxide, coordinated to CuB

II,
and the second is shared by the cluster of residues, designated
as B in Scheme 1; this cluster interacts strongly with the
binuclear center (70, 71). The water molecule generated from
hydroxide and coordinated to CuB is in all probability
displaced from the binuclear cavity by CO binding as is
indicated by the crystal structure of bovine enzyme with
bound CO (72). Thus, only the single proton which resides
on cluster B can be used as a substrate proton.

When MV‚CO reacts with oxygen to form CcO-607, there
are no observable pH changes in the medium (65, 67). At
this stage, the dioxygen bond is cleaved, and Tyr 244 (YH)
(46, 47), if oxidized to the neutral radical, also makes a
second substrate proton available to the binuclear cavity. In
the absence of an external electron donor, this neutral tyrosine
radical is probably quenched by the oxidation of one or more
amino acid residues within the enzyme with the production
of tyrosinate. Because the radical quenching reactions are
presently undefined, the electron donor to the tyrosine radical,
that is unlikely to be located at the binuclear center, is omitted
from Scheme 1. It is expected that the pKa of H2O/OH-

bound to CuB is probably lower than that of YH/ Y-

(70, 71), and so we present the stable CcO-607 intermediate
as a3

IVdO HO-CuB
II. The next step is the irreversible

conversion of CcO-607 to CcO-580. According to this
scheme, the irreversible conversion is a consequence of the
protonation of hydroxide at CuB which should also be the
rate-limiting step. The sufficient requirement for the irrevers-
ibility of the conversion of CcO-607 to CcO-580 by pH
change is that the pKa of H2O/OH- bound to CuB should be
higher than 9.0.

Both CcO-607 and CcO-580 can be prepared in the
stoichiometric reaction between hydrogen peroxide and
oxidized enzyme (36). At basic pH (pH 8.0), the main
product is CcO-607, and at acidic pH (pH 5.8), it is CcO-
580 (36, 38, 40). The dependence of the yield of CcO-607
on pH is expected to be associated with the protonation state
of two groups with identical pKa values that lie in the range
6.7-7.3 (38, 40). We have observed that the yields of both
CcO-607 and CcO-580 exhibit an inverse pH dependence.
The reaction product of oxidized enzyme with peroxide at
any pH is a mixture of CcO-607 and CcO-580 with the yield
of CcO-607 decreasing with a decrease in pH and a
corresponding increase in the yield of CcO-580; the pKa of
this transition is close to 7.0 (M. Fabian and G. Palmer,
unpublished results). As hydrogen peroxide is completely
protonated in the pH range 5-8.5, it can only be the
protonation state of the enzyme group(s) that controls the
reaction product.

From the present measurements, we know that the conver-
sion of CcO-607 to CcO-580 required one proton, but the
production of CcO-580 at acidic pH with stoichiometric H2O2

is not accompanied by proton uptake from the medium. To
explain these observations, it is sufficient to assume that at
acidic pH there is a proton already within the enzyme, and
this proton is available for reaction in the binuclear cavity.
Thus, we postulate the existence of a group with a pKa around

7.0 in the vicinity of binuclear center of oxidized enzyme.
When the group is deprotonated, the product of the reaction
of CcO-O with peroxide is CcO-607, and when the group is
protonated, the reaction product is CcO-580 (Scheme 2). In
Scheme 2, which is again a simplified version of the reaction,
it is assumed but omitted that at both pHs the reaction of a
stoichiometric amount of H2O2 with CcO-O generates a
neutral tyrosine radical, Y•, which is later endogenously
quenched on the time scale of minutes. B cluster represents
the group with a pKa of 7.0 of oxidized enzyme which is
protonated at acidic pH and can donate the substrate proton
to the binuclear center in the course of the reaction. There
is kinetic evidence that this group is the conserved Glu 242
(73) which is believed to be part of a proton conducting
pathway.

The reaction mechanism presented above is based on the
suggestion that hydroxide ion is coordinated to CuB in
oxidized enzyme (74). If this is not the case, calculations
show that Tyr 244 will have pKa of 7.6 in the oxidized
enzyme (70) and that the proton distribution in the catalytic
center of intermediates will also be different. Despite this
uncertainty in the chemical nature of the protonatable group
involved, our data indicate that the difference between the
stable intermediates CcO-607 and CcO-580 is in the proto-
nation state of the catalytic center and that uptake of one
proton converts CcO-607 to CcO-580.
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